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Exotic biomodification of fatty acids
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Many biotransformations of mid- to long chain fatty acyl derivatives are intrinsically interesting
because of their high selectivity and novel mechanisms. These include one carbon transfer, hydration,
isomerization, hydrogenation, ladderane and hydrocarbon formation, thiolation and various oxidative
transformations such as epoxidation, hydroxylation and desaturation. In addition, hydroperoxidation
of polyunsaturated fatty acids leads to a diverse array of bioactive compounds. The bioorganic aspects
of selected reactions will be highlighted in this review; 210 references are cited.
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1 Introduction

Post-assembly modification of fatty acyl derivatives are mechanis-
tically interesting biotransformations of importance to an emerg-
ing area of research known as lipodomics. These reactions can be
broadly divided into four subsets (Scheme 1, ABCD): A) addition
to unactivated double bonds including C-methylation, hydration,
isomerization–hydrogenation or epoxidation, B) 1-carbon chain
shortening at the carboxyl terminus, C) attack of unactivated C–
H bonds resulting in thiolation, dehydrogenation (desaturation)
or hydroxylation, D) further oxidative modification of polyun-
saturated fatty acids via hydroperoxide intermediates. Many of
these reactions are without good laboratory precedent and are
thought to involve electron-deficient reaction intermediates such
as carbon-centred radicals or carbocations. To elucidate how such
highly reactive intermediates are generated in the hydrophobic
interior of the enzyme active site and then directed to product
with such exquisite selectivity is a worthy research objective. These
efforts are particularly relevant to ongoing efforts directed at
developing synthetically useful C–H activation chemistry.

Characterization of the lipodome relevant to various disease
states has stimulated renewed activity in the study of fatty acid
biomodifying reactions, first studied many years ago. Prominent
examples include C-methylation1 as it occurs in mycobacteria,
the causative agents of tuberculosis and leprosy, stearoyl CoA
D9 desaturation, overexpression of which is implicated in the
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Scheme 1 Various fatty acid biomodifications (PL = phospholipids, NHLysR = pyruvate dehydrogenase, CoA = coenzyme A).

“metabolic syndrome”,2 production of “natural” trans fatty
acids during biohydrogenation3 and hydroxylation–desaturation
of sphingolipids as part of the apoptotic cascade.4 Development
of selective, mechanism-based inhibitors for these processes
is of intrinsic interest and may be of significant therapeutic
value.

A further stimulus for research in the bioorganic chemistry of
lipid transformations has arisen from genomic research into var-
ious plant seed oils—a treasure trove of exotic functionality such
as cyclopropene rings, chiral allenic units and polyacetylenes.5,6

Exploiting the enzyme activity responsible for generating high-
value compounds is a major objective of plant biotechnologists
who envision using plants as green factories.7 Included in this

scenario is the production of hydrocarbon-based biofuels as a
renewable energy source.8 A thorough understanding of reaction
mechanism is required to guide and interpret protein engineering
experiments intended to tune enzyme chemoselectivity and give
bioproducts the desired properties. A case in point is the engi-
neering of D12 desaturases to function as highly enantioselective
12-hydroxylators (Scheme 1C, reaction 3).9 Another exciting
dimension to seed oil research stems from the fact that many
phytolipids have interesting biocidal properties. For example,
cyclopropene-containing fatty acids such as sterculic acid found
in the seed oils of selected subtropical plants are potent inhibitors
of mammalian D9 desaturases.10 Other topics of importance in
the emerging area of chemical ecology involve the biosynthesis
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of species-specific insect pheromones11 and other signaling agents
such as oxylipins.12

A third area of research where fatty acid biotransforma-
tions play a prominent role relates to the way many organ-
isms adapt to environmental stress such as hypoxia (desat-
urase hyperexpression),13 temperature extremes (desaturation–
bio-hydrogenation),14–16 low pH (cyclopropane formation)17,18

or the presence of toxins (cis–trans-isomerization,19 ladderane
formation20). By inducing suitable reactions, the biophysical
properties of structural lipid components can be adjusted to
maintain optimal fluidity of membrane barriers—a condition that
is critical to cellular function.

In this review, we discuss the mechanistic aspects of fatty
acid biomodification with an emphasis on reactions not cov-
ered previously in a recent overview of desaturases.21 Valuable
background material is available from previous reviews of fatty
acid biosynthesis,22–24 sulfur insertion biochemistry,25–28 bacterial
lipids17 and standard reference works on lipid biochemistry29,30

and plant lipids.31 Consultation of reviews in the sterol area is also
recommended as many of the reactions discussed in this review
have close parallels in sterol biosynthesis.32,33 Indeed, mechanistic
models and probes developed for fatty acid biomodification have
been successfully applied to the study of sterol transformations34,35

and vice versa.36

2 Olefin addition

Cellular unsaturated fatty acyl derivatives are major components
of cellular lipids and are typically formed through highly selective,
O2-dependent desaturation reactions (Scheme 1C, reaction 2).21 In
some microorganisms, olefinic fatty acids are formed anaerobically
via a modified fatty acid synthase-catalyzed sequence.29,30 The
isolated carbon–carbon double bond in olefinic fatty acids is
often modified by energetically “difficult” addition reactions as
discussed in the following sections.

2.1 C-methylation reactions

A very common olefin addition reaction is S-adenosyl methion-
ine (S.A.M.)-dependent C-methylation. The mechanism for this

transformation was first proposed by Lederer and is thought to be
initiated by methyl transfer from S.A.M. to form a carbocationic
intermediate.37 This species then collapses rapidly by 1,2-proton
elimination (Scheme 2, pathways a,b,d) or 1,3-proton elimination
(pathway c). Quenching of the putative intermediate with an
enzyme-bound water molecule (Scheme 2, pathway e) is rarely
seen but has been postulated to occur in the generation of the
CH2–CH(OMe)–CH(CH3)–CH2 moiety found in some mycolic
acids.38 The choice of reaction pathway is presumably determined
by the specific location of a proton acceptor in the active site of
each individual methyltransferase.

This mechanistic scheme has been difficult to model since
unactivated alkenes are such poor nucleophiles. However, it has
been shown that sulfonium salts with non-nucleophilic counter
ions are able to alkylate alkenes to generate a variety of olefinic
products by subsequent deprotonation.39 The driving force for
enzyme-catalyzed methyl transfer can be rationalized in terms
of active site-induced separation of the sulfonium centre in
S.A.M. from its counterion.40 In addition, aromatic amino acid
residues are thought to stabilize carbocationic intermediates in
a hydrophobic pocket through p–cation interactions.41 Attempts
to probe the energetics of biochemically relevant classical and
nonclassical carbocations have been carried out using increasingly
sophisticated theoretical tools in combination with site-directed
mutagenesis experiments.42–44

2.1.1 Cyclopropane synthase. The serendipitous discovery of
cyclopropane ring-bearing fatty acids in lactic acid bacteria45

by the Hofmann group was prompted by the observation that
Lactobacilli-based assays of biotin were occasionally compro-
mised by the growth-stimulating activity of unsaturated fatty
acid contaminants.46 A systematic investigation of other microbial
lipids demonstrated that the occurrence of this unusual type
of fatty acid was widespread and also extended to the seed
oils of some subtropical plant species.47 Some examples of
naturally occurring cyclopropyl fatty acid derivatives are shown in
Fig. 1. These include lactobacillic acid—the ubiquitous bacterial
monocyclopropyl fatty acid, U-106305—a bizarre, oligocyclo-
propanated antifungal metabolite found in a Streptomyces strain48

Scheme 2 Possible products derived from S-adenosylmethionine-dependent C-methylation of an unactivated olefin.
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Fig. 1 Some naturally occurring cyclopropyl fatty acids.

and the very long chain dicyclopropanated mycolic acids found in
Mycobacteria.1

In plants, cyclopropyl fatty acids would appear to serve as inter-
mediates en route to the corresponding cyclopropene-containing
fatty acids although this remains to be proven unambiguously.49

The biological role of the alkene–cyclopropane conversion in
microorganisms is not intuitively obvious and various proposals
have been advanced.17 The impact of “cyclopropanation” on the
Tc (temperature of gel to liquid crystalline phase transition) of
model unsaturated lipids is relatively modest.50,51 The ability of
some microorganisms to tolerate environmental stress such as low
pH has been attributed to the conversion of unsaturated fatty acids
to their cyclopropyl counterparts.17,52 This observation has been
extended to Helicobacter pylori, the microorganism responsible
for the development of gastritis and peptic ulcer disease.53 The
ability of this microbe to withstand the harshly acidic environment
of the stomach may be due, in part, to its cyclopropyl lipid
content.54 Another medically related observation, namely that the
pathogenicity of TB-causing mycobacteria can be correlated with
cyclopropane content of the mycolic acid-containing cell wall,
has driven much of the renewed interest in the enzymology of
cyclopropane ring formation.55–57

The current consensus mechanism for S.A.M.-dependent
cyclopropane ring formation is that proposed initially by Lederer
(Scheme 2, pathway c).37 Several lines of evidence now support the
operation of this mechanism rather than a pathway involving a
sulfur ylid (Scheme 3) or metal carbenoid formation (not shown).

Scheme 3 The sulfur ylid pathway for biological cyclopropane ring
formation.

1. Crystal structures of three soluble cyclopropane synthases
involved in mycolic acid biosynthesis have been published and
reveal the presence of a typical S.A.M. binding motif proximal

to a hydrophobic pocket that can accommodate a fatty acyl
hydrocarbon chain.57 A catalytically essential bicarbonate ion
in the active site has been identified and it has been suggested
that this species is responsible for deprotonation of the puta-
tive carbocationic intermediate formed after methyl transfer.58,59

Importantly, the absence of a metal or metal binding site in
these structures effectively eliminates the possibility of a sulfur
ylid-derived, metal carbenoid mechanism for biomethylenation.60

In addition, a search for metal ions in purified cyclopropane
synthase isolated from E. coli was carried out using inductively-
coupled plasma (ICP) spectroscopy; no evidence for the presence
of catalytically active metal ions was found.61,62

2. In vitro kinetic isotope effect studies using purified E. coli
cyclopropane synthase showed that while the methyl transfer
step is kinetically important, the deprotonation step is clearly
not, as might be anticipated for collapse of a carbocation.61 The
value of the secondary inverse deuterium isotope effect using
a trideuteromethyl S.A.M. (∼ 0.87) is typical of a tight SN2
transition state for methyl transfer.63 These results corroborate
earlier measurements of primary deuterium kinetic isotope effects
using an in vivo L. plantarum cyclopropanating system where
labeled S.A.M. was biosynthesized from methionine methyl iso-
topomers (RS-CD3, RSCD2H and RSCDH2).64 In this work, an
intramolecular or “intrinsic” primary deuterium KIE (kH/kD ∼
3) was observed for cyclopropyl ring formation when mono-
and dideuteromethyl methionine were employed, however, this
KIE was completely masked when an intermolecular, competition
experimental design (RS-CD3 vs. RS-CH3) was utilized. This
result indicated that the deprotonation step is not a rate-limiting
step.65

3. When a series of S.A.M chalcogen analogues were used as
substrates for cyclopropane synthase, the observed trend in kinetic
parameters was consistent with a methyl transfer mechanism
rather than sulfur ylid formation.66

4. Vinylically fluorinated oleate substrate analogues were not
accepted as substrates for cyclopropane synthase in contrast to
what might be expected for attack by a sulfur ylid species.67

5. Thiastearate substrate analogues inhibited cyclopropane ring
formation in vivo, possibly by methyl transfer from S.A.M. to form
a “sticky” methyl sulfonium species that mimics the carbocationic
intermediate.68

6. Lactobacillic acid biosynthesis as it occurs in L. plantarum
was studied by the Arigoni group (E.T.H. Zürich) using chiral
methyl group methodology (Scheme 4). Degradation of the
multiply-labelled product derived from an (S)-chiral methyl-
methionine, followed by stereochemical analysis of the resultant
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Scheme 4 Probing the stereochemistry of cyclopropane ring formation
using chiral methyl-S.A.M.

chiral methyl acetic acid led to the conclusion that the base
responsible for proton abstraction was located on the methyl
terminus side of the incipient cyclopropane ring (Scheme 4).69 This
mechanistic picture is based on the reasonable assumption that
the initial transfer of the methyl group from S.A.M. occurs with
inversion (SN2)70 and subsequent deprotonation with retention.
The latter has precedent in cyclopropane ring formation during
cycloartenol biosynthesis.71 Obligatory formation of a sulfur
ylid during cyclopropanation would probably have resulted in

complete loss of stereochemical information in a chiral methyl
group experiment.

Further evidence for tight stereochemical control of reactive
intermediates in the biosynthesis of cyclopropyl fatty acids was
revealed in an unexpected fashion. Earlier studies had shown
that when a series of regioisomeric (Z)-octadecenoates were
incubated with an E. coli fatty acid auxotroph, only the 9,10
(oleate) and 11,12 (cis-vaccenate) regioisomers were methyle-
nated (Scheme 5).72 A similar phenomenon was noted in the
case of L. plantarum (P. H. Buist, unpublished results). An
attempt was made to pinpoint the location of the carbocation
formed during cyclopropanation of each regioisomer using pairs
of homoallylically monofluorinated oleates and homoallylically
monofluorinated cis-vaccenates.73 The pattern of fluorine-induced
rate retardations that was obtained led to the prediction and
subsequent confirmation that the two parent regioisomeric cyclo-
propyl products shown were in fact quasienantiomeric as shown
in Scheme 5.74 The methodology for determining the absolute
configuration of these cyclopropyl fatty acids had previously been
worked out by Tocanne and requires chiroptical evaluation of the
corresponding a-ketocyclopropyl compounds.75 The results of the
Arigoni chiral methyl test when applied to oleate cyclopropanation
in L. plantarum confirmed that the enzymic base is located at the
C-1 end of a 9,10-olefin (Scheme 5).74 In an effort to establish the
generality of this bimodal regioselectivity, the stereochemistry of
cyclopropyl fatty acids obtained from E. coli and other sources is
being studied.76

2.1.2 Tuberculostearic acid biosynthesis. First isolated in
1929 by Anderson and Chargaff,77 tuberculostearic acid ((R)-10-
methyloctadecanoic acid, T.S.A.) is a component of the complex
cell wall that contributes to the survival of Mycobacterium
tuberculosis within its human host and serves as a useful diagnostic
marker for tuberculosis.78 The (R)-configuration was assigned
to C-10 of T.S.A. on the basis of chiroptical data with the
help of synthetic reference standards.79 Two syntheses of highly
enantiomerically enriched T.S.A. have been reported recently and
confirm the orginal stereochemical assignment.80,81 The biological
role of methyl-substituted fatty acids such as T.S.A. is not clear; a
priori one would speculate that methylation would tend to disorder
cell membranes by disturbing interchain packing through steric
interference.

The mechanistic pathway leading to tuberculostearate forma-
tion is similar to that found for the formation of 24-methyl sterols32

in that methyl transfer to olefin is followed by a 1,2-hydride shift
and subsequent deprotonation (Scheme 6). The exomethylene
intermediate is then reduced. Early work by Law and coworkers82

on the enzymology of 10-methylenation revealed striking overall
similarities with cyclopropane synthase (vide supra) and further
substantiated the view that a common carbocationic intermediate
might be involved as outlined in Scheme 2 (pathways a and c).
The absence of a properly-positioned basic group required to
form a cyclopropane ring from the initially formed carbocationic
intermediate would allow a 1,2 H− shift to occur followed by
proton abstraction from below the original olefinic plane. The
validity of such a proposal has been supported by the results
of experiments using chiral methyl group S.A.M. (Scheme 7)
generated in vivo by Mycobacterium phlei.83 Synthesis and in vivo
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Scheme 5 Biosynthesis of quasienantiomeric cyclopropane fatty acyl regioisomers in Lactobacillus plantarum.

Scheme 6 Tuberculostearate formation in Mycobacteria proceeds via an
exomethylene intermediate.

bioreduction of the multiply-labelled exomethylene intermediate
was required to deduce the stereochemistry of proton removal
from the C-10 carbocationic intermediate. The stereochemical
details of the 1,2-hydride shift were established in elegant fashion

by incubating a 9-deuterooleate substrate with M. phlei and
determining the absolute configuration of the C9DH group (S)
of the product (Scheme 8). The latter could be accomplished
by taking advantage of the fact that the b-isotope shift on the
13C resonance of a C-8 reporter atom is slightly different for
diastereomeric C-9-d1 isotopomers. The stereochemical details for
tuberculostearate biosynthesis are similar to that found for sterol
24-methyltransferase.84

2.1.3 Sphingolipid C-methylation. C-methylation of an (E)-
olefinic fatty acid derivative has been confirmed in glucosylce-
ramide biosynthesis as it occurs in the yeast, Pichia pastoris
(Scheme 9).85 Compounds of this type are thought to play
an important role in plant–pathogen interactions, interestingly,
plant or animal glucosylceramide do not bear the unique C-
9-methyl signature. Sequence analysis of the Pichia methyl-
transferase showed that this protein belongs to the superfamily
of S-adenosylmethionine-(S.A.M.)-dependent methylases, a high
sequence similarity to plant and bacterial cyclopropane fatty
acid synthases was also found. A minimal mechanism for C-
methylation in the Pichia system is given in Scheme 9: proton
loss from C-9 of the putative carbocationic intermediate occurs
presumably from below the plane of the original alkene to give an
internal olefin.

2.1.4 Mycolic acid biosynthesis. As alluded to in the Intro-
duction, the detailed study of mycolic acid (Fig. 1) biosynthesis
in Mycobacteria is being pursued with renewed vigour due to
the urgent need to find new targets for antitubercular drug
development. A most welcome development in this line of research
has been the publication of enzyme crystal structures relating to

Scheme 7 Probing the stereochemistry of tuberculostearate formation using chiral methyl-S.A.M.
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Scheme 8 Use of stereodependent 13C NMR deuterium isotope effects to track stereochemistry of 1,2-hydride shift in tuberculostearate biosynthesis.

Scheme 9 C-methylation of unsaturated sphingolipids by a Pichia
pastoris methyltransferase expressed in Saccharomyces cerevisiae.

cyclopropane ring formation (cma1, cma2 and PcaA).57 However,
a major stumbling block to further progress in this area is the
difficulty of obtaining in vitro activity for these systems. The
new structural data has allowed homology modeling of other
cyclopropane synthases and related methyltransferases for the
first time and new insights regarding modes of substrate binding

can be expected to emerge from this research.85 A particularly
interesting subgroup of the mycolic acid family of compounds
contains the CH2–CH(CH3)–CH(OCH3)–CH2 moiety, this methy-
lation pattern is thought to arise by carbocation quenching with
water (Scheme 2, pathway e) followed by O-methylation of the
hydroxyl intermediate. The enzyme responsible for this unique
transformation (HmA (MmaA4)) has recently been characterized
by X-ray crystallography.86 Notably, the bicarbonate ion found in
structurally related cyclopropane synthases is absent in the HmA
structure and is replaced by a topologically equivalent, glutamate
H-bonded water molecule.

2.2 Hydration

The regio- and stereoselective enzyme-catalyzed hydration of oleic
acid is a remarkable reaction and inspired, in part, an early effort to
imitate enzymic efficiency by designing and constructing a purely
synthetic catalyst.87 The formation of (R)-10-hydroxystearate (10-
H.S.A., Scheme 10, pathway a) is a remarkably widespread
phenomenon among bacteria and other microorganisms although
its biological purpose is obscure. A related compound, (S)-8-OH
palmitate is reported to be an endogenous inhibitor of spore
germination in Lygodium japonicum.88 A cautionary note has
been issued with respect to detection of 10-hydroxystearate in
lipid extracts, the occurrence of this compound may be traced to
contamination by Pseudomonas species.89

Scheme 10 Hydration of oleic acid and relationship to other olefin additions possibly initiated by protonation.
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The essential mechanistic details of oleate hydration in a
Pseudomonas species have been worked out with the help of
isotopic labeling experiments: anti addition of water (Scheme 10,
pathway a), probably initiated by a protonation step, was
observed.90 A minor pathway involving a reversible double bond
shift by abstraction of the C11 proton (Scheme 10, pathway
b) was also identified. Attempts to further characterize this
hydratase system have been unsuccessful.91 It is interesting to
note the similarity in regiochemical and stereochemical preference
between oleate 10-hydratase and the well-characterized soybean
epoxide hydrolase.92 The latter enzyme uses a two step mechanism
involving nucleophilic attack of an H-bonded 9,10-epoxide by an
aspartate residue followed by hydrolysis of the covalently bound
intermediate. Two tyrosine residues are thought to provide general
acid catalysis.

Given the commercial importance of chiral hydroxyfatty acids,
the biotechnological aspects of oleate hydration have been
explored.93 The corresponding lactone of 10-H.S.A. is an impor-
tant flavour-impact compound.94 In vivo, hydroxyfatty acids tend
to be in equilibrium with the corresponding keto compounds via
a rapid, reversible dehydrogenation process and this circumstance
lowers the % ee of biosynthetic 10-H.S.A. A convenient method for
evaluating the enantiomeric purity of 10-H.S.A. via the1H NMR
of chiral mandelate derivatives has been reported.95

2.3 Cis–trans isomerization

Conversion of (Z)-unsaturated fatty acids to the corresponding
(E)-isomers is a strategy used by Pseudomonas and Vibrio species
to lower the fluidity of cellular lipid structures under membrane-
destabilizing culture conditions such as elevated temperatures or
the presence of organic solvents.96 The latter condition frequently
arises in applications such as bioremediation and biocatalytic
synthesis. Comparison of the sequences of seven known cis–
trans isomerase (“Cti”) proteins has identified a heme-binding
domain similar to that found in cytochrome c.97 Consequently,
an anaerobic, iron-mediated redox mechanism for isomerization
has been proposed. This scheme involves a reversible 1 electron
oxidation of olefin to radical cation to permit subsequent bond
rotation around the C-9,10 bond.98,99 Alternatively, one could
imagine a mechanism involving a reversible protonation process
(Scheme 10, pathway d). In this scenario, the carbocation-bearing
half of the molecule would have to rotate given that isomerization
occurs without loss of deuterium from a 9,10-d2-oleate substrate.98

A third mechanistic possibility would involve reversible addition
of an anaerobically-generated protein-bound radical.

2.4 Hydrogenation

The biohydrogenation of olefinic fatty acids takes place in
ruminant organisms such as Butyrivibrio species and is formally
the reverse of fatty acid desaturation. Essentially no detailed
mechanistic work has been carried out on this system since early
work by Tove and coworkers on the enzymology of (9Z,11E)-
octadecadienoate reductase—a nonheme iron-containing enzyme
that selectively reduces the 9,10-olefinic linkage.100 Competing
isomerization and hydration processes compromise the use of
mixed ruminal cultures for mechanistic studies.101,102 In principle,
an anti proton addition–NADPH quench sequence (Scheme 10,

pathway c) can be envisaged for biohydrogenation. This scheme is
similar to that proposed for sterol double bond reduction40,103,104

where it is known that an epoxide analogue can be reduced directly
by NADPH.

3 Ladderanes

The discovery and structural elucidation of the ladderanes (Fig. 2)
in ammonia-oxidizing bacteria by a team at the Royal Netherlands
Institute for Sea Research ranks as one of the most exciting
developments in membrane biochemistry in recent years.105 These
highly strained compounds are linked to glycerol via ether bonds106

and form a dense lipid-based protective membrane for a special-
ized internal compartment wherein ammonia oxidation to nitrate
takes place. In this manner, diffusion of toxic intermediates such
as hydrazine is prevented. The linearly fused cyclobutyl units may
be biosynthesized by cyclization of an unsaturated lipid precursor.
The possible involvement of S.A.M.-radical enzymes25 (vide infra)
in ladderane construction has been inferred from a recent genomic
study.107 The solution of this intriguing biosynthetic problem will
certainly constitute a unique chapter in the history of natural
products research.

Fig. 2 A unique ladderane fatty acid isolated from an anammox microbe.

The absolute stereochemistry of the ladderane shown in Fig. 2
has not been determined due to lack of sufficient material but the
tools for doing so have already been put in place.108–110

4 Hydrocarbon biosynthesis

Formation of hydrocarbons from the corresponding fatty acids
plays an important role in cuticular wax formation by plants,111

insect pheromone biosynthesis11 and the generation of allelochem-
icals such as falcarindiol (Fig. 3), (vide infra).112 In addition, certain
algae such as Botryococcus braunii accumulate large quantities of
hydrocarbons that potentially constitute a renewable source of
energy.8,113 It is thought that loss of a terminal C1 unit may take
place via an aldehyde—the product of carboxylic acid reduction.
Three pathways have been postulated for a-carbonyl cleavage
(Scheme 11A–C) in lipid biochemistry.

A. Anaerobic Co- or Cu-mediated direct extrusion of carbon
monoxide.114,115

B. A nucleophilic P450 iron hydroperoxide adds to the aldehydic
carbonyl and the adduct collapses by oxygen–oxygen scission to
ultimately yield a terminal alkene and formate as shown in the
“cartoon” mechanism (Scheme 11B). This oxidative mechanism
has also been proposed for sterol demethylases including aro-
matase and 14-demethylase.116,117
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Scheme 11 Hydrocarbon biosynthesis by A loss of carbon monoxide, B
formate or C carbon dioxide.

C. The adduct between the ferryl hydroperoxide and carbonyl
terminus collapses via migration of the aldehydic hydrogen to the
adjacent methylene group. This formal “mechanism” can be drawn
for an insect P450-based decarbonylase based on the results of a
deuterium labeling study.118,119 This scheme is consistent with the
observed retention of deuterium labels at C1, C2 and C3 of the
original substrate and the release of carbon dioxide rather than
formate or carbon monoxide.

Further information on these enigmatic processes should be
forthcoming in the context of extensive efforts to identify the genes
involved in cuticular wax biosynthesis111

5 Thiolation

The final “sulfur insertion” step in the biosynthesis of lipoic acid
and biotin (Scheme 12A) and perhaps other sulfur-containing
compounds120 remained a mystery for many years until the
involvement of S.A.M. and iron sulfur clusters in these processes
was established.25–28,121,122 When the first stereochemical studies on
sulfur insertion were being carried out by Parry and coworkers,123

cleavage of unactivated C–H bonds were thought to be the sole
domain of O2-dependent metalloenzymes such as cytochrome
P450. However, incorporation of possible hydroxy precursors
gave poor results and thus a sequence involving hydroxylation–
sulfide displacement of an activated alcohol leaving group did not
appear to be involved in the biosynthesis of lipoic acid or biotin.
In fact, the mode of sulfur insertion turned out to be far more
elegant124 (Scheme 12B): 1 electron reduction of S.A.M. by an
enzyme-bound iron sulfur cluster is thought to generate the highly
reactive adenosyl radical. This species is competent to abstract

Scheme 12 A The final thiolation step in lipoate and biotin biosynthesis.
B S.A.M.-dependent mechanism of thiolation.

a hydrogen from the substrate and the resultant carbon-centred
radical captures sulfur from a second iron sulfur cluster. A recent
crystal structure of biotin synthase and sequence comparisons of
lipoate synthase and biotin synthase confirmed that both enzymes
belong to the same AdoMet radical family of proteins and share
a strongly conserved secondary structure.125,126 On this basis, one
can now interpret results of stereochemical investigations that were
initiated three decades ago.

5.1 Lipoate synthase

Pioneering labeling experiments using an in vivo E. coli lipoate
biosynthesizing system123 established that thiolation at C-6 and
C-8 of octanoic acid took place without involvement of un-
saturated precursors. In addition, sulfur “insertion” at C-6 was
shown to occur with inversion of configuration by analyzing
the tritium content of products derived from stereospecifically
C-6 tritiated octanoates. Thiolation at C-8 was shown to occur
with racemization by incubating chiral (R)-methyl octanoic acid
with E. coli and degrading the resultant biosynthetic lipoate
in a stereocontrolled manner as shown in Scheme 13.127 The
key step in the degradation sequence was the use of Harpp
chemistry128 to replace the C8-sulfur bond with a C8-oxygen
bond—a process shown to occur with clean inversion in control
experiments. Employing this strategy allowed one to use the well-
characterized tosylation–LiAlH4 reduction sequence in order to
generate a methyl-group bearing degradation product suitable for
chiral methyl group analysis.

The stereochemical results obtained for the thiolation steps
in lipoate biosynthesis were puzzling at the time since oxygen
insertion biochemistry was known to proceed primarily with
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Scheme 13 Stereocontrolled degradation scheme of C-8-labelled lipoate biosynthesized from chiral methyl-labeled octanoate.

Scheme 14 Stereochemical aspects of sulfur “insertion” at C-6 and C-8 in lipoate biosynthesis.

retention of configuration.129,130 However, given what is now known
about the nature of catalytic groups in lipoate synthase131–137 and
the closely related biotin synthase,125,126 one can construct the
following mechanistic scheme for bisthiolation by the former
enzyme (Scheme 14). A C-8 methylene radical is generated by
hydrogen abstraction from below the plane of the extended
substrate, this intermediate undergoes rapid C-7,8 bond rotation
before being quenched by an iron sulfur cluster residing above the
plane of the radical. Booker and Cicchillo have shown that two
equivalents of S.A.M. are required per lipoate produced135 and
thus a second S.A.M.-derived adenosyl radical abstracts the proR
hydrogen at C-6; the resultant secondary radical is quenched from
above by the iron sulfur cluster to generate the thiol group with
overall inversion of configuration.

5.2 Biotin synthase

In vivo incubation experiments using Aspergillus niger as a biotin-
synthesizing organism demonstrated that dehydrogenation–H2S
addition was not involved in the conversion of desthiobiotin
to biotin.123 These results pointed to a direct sulfur “insertion”
mechanism similar to that observed in lipoate biosynthesis (vide
supra). However unlike the lipoate case, sulfur introduction at
C-6 was shown to occur with retention rather than inversion of
configuration.123 The stereochemistry of C-9 thiolation was stud-
ied using chiral methyl group methodology.138 This undertaking

involved synthesis of chiral methyl-desthiobiotin, incubation of
this substrate with A. niger, and degradation of the multiply
labeled biosynthetic product (Scheme 15) to a sample of acetic acid
that was determined to be racemic at the methyl group, a result
identical to that obtained subsequently for lipoate biosynthesis
(vide supra). These results, as well those of the Marquet group and
others139–142 can be interpreted using the crystal structure of biotin
synthase as a guide.125 The Drennan structure locates the biotinyl
substrate between two iron sulfur clusters, one of which is poised
to reduce a proximal S.A.M. molecule to generate the adenosyl
radical—the putative hydrogen abstracting species. A possible
sequence of events for the desthiobiotin–biotin conversion is
shown in Scheme 16 and would include abstraction of the C-9
hydrogen from below, thiolation of a rapidly rotating, methylene
radical from above, abstraction of the C-6 hydrogen from below
and capture of the C-9 sulfido group with overall retention of
configuration at C-6. Further details on sulfur transfer will no
doubt emerge from on-going mechanistic work on this remarkable
enzyme.143,144

6 O2-dependent C–H activation

Fatty acid hydroxylation and its mechanistic variant—
desaturation (dehydrogenation) is an O2 and NAD(P)H-
dependent process (eqn (1),(2)):

This journal is © The Royal Society of Chemistry 2007 Nat. Prod. Rep., 2007, 24, 1110–1127 | 1119
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Scheme 15 Stereocontrolled degradation scheme of C-9-labelled biotin biosynthesized from chiral methyl-labeled desthiobiotin.

Scheme 16 Stereochemical aspects of sulfur “insertion” at C-6 and C-9 in biotin biosynthesis.

H+ + NAD(P)H + O2 + RCH2–CH2R′

→ NAD(P)+ + H2O + RCH(OH)–CH2R′ (1)

H+ + NAD(P)H + O2 + RCH2–CH2R′

→ NAD(P)+ + 2 H2O + R–CH=CHR′ (2)

The enzymes catalyzing these reactions can be classified ac-
cording to the nature of the prosthetic group that generates the
active oxidizing species.145 These are: 1) heme-coordinated iron
found in cytochrome P450; 2) a carboxylate-bridged, MMO-type,
non-heme diiron cluster characteristic of soluble desaturases, 3) a
multi-histidine-coordinated non-heme diiron cluster residing in
membrane-bound enzymes. Mechanistic work in this area has
benefited greatly from recent experimental and theoretical scrutiny
of prototypical systems such as cytochrome P450cam and methane
monoxygenase.145–148

6.1 x-Hydroxylase

Alkanes of medium chain length are hydroxylated at the terminal
methyl group by alkane x-monooxygenase (alkB, Scheme 17A).
This reaction was first discovered in a hydrocarbon-metabolizing

bacterium, Pseudomonas oleovorans, and has gained iconic status
in the area of bioremediation and biochemical engineering. AlkB
is also important because it remains the only enzyme of the
large, membranous, non-heme diiron class to be characterized
spectroscopically.149,150 This analysis revealed the presence of
a diiron centre in a histidine-rich co-ordination environment.
Hydropathy analysis suggests that alkB is anchored by several
membrane-spanning, a-helical segments and is similar in overall
structure to the family of membrane-bound desaturases.151 The
results of site-directed mutagenesis experiments are beginning
to define the topography of the active site required to permit
selective attack of the methyl terminus.152 Mechanistic studies
using cyclopropyl radical clock methodology have revealed that
short-lived radical intermediates are probably involved in the two
step hydroxylation event (Scheme 17A).153,154 The putative carbon-
centred radical is captured very efficiently because hydroxy-
lation occurs with retention of configuration as determined
through the use of a chiral methyl substrate.155 The recent
characterization of CYP1533A6-soluble cytochrome P450 alkane
x-hydroxylator156 will facilitate direct mechanistic comparison
between a heme iron- and non-heme iron-containing enzyme with
identical regioselectivity.
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Scheme 17 Postulated mechanism for A x-hydroxylation and B membranous D9 desaturase-mediated dehydrogenation–9-hydroxylation.

6.2 Cytochrome P450 BM-3

Most cytochrome P450 research has been concerned with predict-
ing and understanding how membrane-bound hepatic isozymes
metabolize lipophilic xenobiotics including linear hydrocarbons.157

Until recently, this work relied on the use of structural data
obtained for soluble P450’s. The publication of the first crys-
tal structures of a membranous hepatic cytochrome P450158,159

constitutes a major breakthrough in our understanding of P450
structure–function relationships and the scope and limitations of
homology modeling.

Another major focus of current cytochrome P450 research is the
potential use of these catalysts in synthetically useful oxygenation
reactions on simple hydrocarbon substrates. To date, the protein
of choice for such investigations has been bacterial cytochrome
P450 BM-3, a soluble protein that hydroxylates fatty acids near
the methyl terminus in an enantioselective manner. The regioselec-
tivity profile of this enzyme is complementary to that of alkB and
cytochrome P450 153A6 (vide supra) in that methylene groups
proximal to the methyl terminus are oxidized rather than the
methyl group. BM-3 is unique in that it does not require ancillary
proteins to transfer reducing equivalents to the heme iron catalytic
center. These characteristics make it ideal for consideration as
a biocatalyst in synthesis applications and this protein has been
targeted as a candidate for protein engineering.160 Complementary
to these studies is a substantial body of fundamental work investi-

gating the detailed mechanism of BM-3 in the context of changing
paradigms.161–164

6.3 Fatty acid desaturases

The bioorganic chemistry of fatty acid desaturases has been
reviewed recently.21 Most of the structural and detailed bioinor-
ganic work in this area has been carried out using the soluble,
non heme diiron MMO-type desaturase isolated from castor.165

In addition, the mechanistic probes devised for the study of
various membranous desaturases166 have been applied with some
success to the castor enzyme.21 A major development currently
driving research on desaturase function is the discovery that
overexpression of mammalian stearoyl CoA D9 desaturase (SCD)
is associated with lifestyle disorders relating to the metabolic
syndrome (obesity and type II diabetes).167 The observation that a
closely related yeast SCD homolog initiates D9 desaturation by
a kinetically important C-9 H abstraction step (Scheme 17B)
may be useful in the development of selective inhibitors.168 A
second application is related to the discovery that a membra-
nous D9 desaturase (DesA3) in Mycobacteria may be a useful
lipid-based target for anti-tubercular drugs.169 An associated
reductase has been characterized170 and a soluble mycobacte-
rial desaturase (DesA2) has also been characterized by X-ray
crystallography.171

This journal is © The Royal Society of Chemistry 2007 Nat. Prod. Rep., 2007, 24, 1110–1127 | 1121

Pu
bl

is
he

d 
on

 2
3 

A
pr

il 
20

07
. D

ow
nl

oa
de

d 
by

 U
N

IV
E

R
SI

T
A

 D
E

G
L

I 
ST

U
D

I 
B

O
L

O
G

N
A

 o
n 

29
/0

1/
20

18
 1

4:
29

:1
0.

 
View Article Online

http://dx.doi.org/10.1039/b508584p


The critical mechanistic problem that remains to be understood
more fully is the switch controlling desaturation and hydroxylation
pathways (Scheme 17B). This issue has been addressed compu-
tationally for cytochrome P450—an enzyme that is normally a
pure hydroxylator but can be tuned to act as a desaturase.172

The latter pathway is apparently promoted by formation of a
carbocationic intermediate that is sterically hindered to hydroxide
rebound.173 The relevance of this work to non-heme diiron
systems remains to be established. For the latter enzymes, protein
engineering experiments have shown that D12 desaturases can act
as an enantioselective 12-hydroxylase when relatively conservative
changes to amino acids proximal to the putative substrate binding
site are made.174 The seminal discovery of the Shanklin group
that hydroxyfatty acids are formed as minor byproducts of many
membrane-bound desaturases174 has been extended to include an
insect D11 desaturase.175 Without exception, the regiochemistry
of desaturase-mediated hydroxylation corresponds to the site
of initial hydrogen removal in the corresponding desaturation
pathway (Scheme 17B).21 This observation is consistent with the
intermediacy of a radical intermediate that can be steered towards
hydroxyl rebound or a second H abstraction by stereoelectronic
factors. Nowhere is the chemoselectivity of these systems more
spectacularly displayed than in the case of alkyne formation
(Scheme 1C, reaction 4) which features stepwise removal of adja-
cent hydrogens176,177 and where epoxide formation (Scheme 1A,
reaction 4) is prevented. Interestingly, the 12-acetylenase also
functions as a normal desaturase using oleate (9Z-octadecenoate)
as substrate but produces a mixture of (E/Z)-12,13-olefinic
isomers.178 Further insight into this intriguing mechanistic prob-
lem must await structural characterization of these and other
membrane-bound desaturases.

6.4 Polyacetylene biogenesis

Polyacetylenic fatty acids or their derivatives constitute an
important group of natural products with a wide spectrum
of bioactivity.179 Some prominent examples of this class of
compounds are shown in Fig. 3. These include falcarindiol,180

panaxytriol,181 Echinacea diynes,182 wyerone,183 and obtusallene
I.184 A biogenetic scheme for falcarindiol biosynthesis has been
proposed recently (Scheme 18);112 modest variations in oxida-
tive biochemistry would generate panaxytriol or a laurediol
precursor en route to the interesting bromoallenic compound—

obtusallene I (Scheme 18B).185 All of the proposed enzymatic
steps have precedent—alkyne186 and terminal alkene formation,187

hydroxylation164 and reductive decarboxylation.113 Identification
of the various enzymes involved in these pathways represents a
new frontier in phytochemistry.

7 Oxylipin biosynthesis

The lipoxygenase-mediated hydroperoxidation of polyunsaturated
fatty acids initiates a cascade of interesting reactions leading to
eicosanoids such as prostaglandins and leukotrienes in mam-
malian systems188 and oxylipins in non-mammalian organisms.189

Substantial progress has been made in accounting for the regio-
and stereoselectivity of lipoxygenases using the tools of site-
directed mutagenesis along with new structural information.190–192

Some of these findings may prove to be useful as models for fatty
acid binding to desaturases and methyltransferases (vide supra).
For many years, the nature of the initial, rate-determining H-
abstraction step in lipoxygenation was a matter of debate until
inorganic modeling studies revealed that an unusual FeIII-OH
mediated PCET (proton coupled electron transfer) process was
operating (Scheme 19).193–195 The observation of an extremely high
primary deuterium kinetic isotope effect for the initial C–H bond
cleavage step is consistent with a tunneling process.196 The kinetics
of oxygen trapping of the putative radical intermediate have also
been investigated.197

Further oxidative elaboration of hydroperoxide intermediates
leads to a diverse array set of bioactive compounds with signaling
and defensive properties.198,199 In plants, a family of cytochrome
P450 enzymes catalyzes a number of particularly interesting
transformations including divinylether and allene oxide formation
(Scheme 20AB). The allene oxide intermediate is processed to
ultimately give jasmonic acid, an important signaling agent in
the phytochemical stress response.200 The mechanisms involved in
divinylether and allene oxide formation are essentially variations
on the elimination mechanism shown in Scheme 11B. All of these
pathways are driven by what is thought to be a heme iron-induced
fragmentation of the hydroperoxide substrate followed by proton
loss from an intermediate carbocation.201,202 Similar “electronic
gymnastics” have been postulated by Ullrich in his consideration
of the pathways involved in P450-catalyzed formation of prosta-
cylins and thromboxanes.203 An elegant stereochemical study
showing that divinyl ether stereoisomer formation proceeds by

Fig. 3 Some exotic naturally occurring acetylenic fatty acids.
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Scheme 18 A Biogenesis of bioactive diynoic hydrocarbons derived from linoleate. B Biogenesis of a cyclic halogenated natural product derived from a
polyunsaturated fatty acid precursor.

Scheme 19 Initial hydrogen abstraction step catalyzed by lipoxygenases.

loss of topological equivalent prochiral hydrogens (Scheme 20A)
has been reported recently.204

Given the intense current interest in halogenated natu-
ral products,205–209 the recent discovery of a “lipoxygenase–
hydroperoxide halolyase” pathway by Wichard and Pohnert (MPI
Chemical Ecology, Jena) in the marine diatom, Stephanopyrix

turris is worthy of special mention.210 A possible mechanism
for this transformation involves stereospecific quenching of the
putative carbocationic intermediate by chloride ion (Scheme 21).

8 Summary

Spectacular advances in the structural biology of methyltrans-
ferases, desaturases, hydroxylases and thiolating enzymes have
finally allowed interpretation of mechanistic results obtained
previously using an in vivo approach. These results can now be
used by researchers involved in modeling C–H activation and other
synthetically important transformations. However, the details
of other enzymatic reactions such as cis–trans isomerization,
hydrogenation and decarbonylation remain obscure. Elucidating
the biosynthesis of highly strained lipids such as cyclopropenyl and
concatenated cyclobutylfatty acids (ladderanes) represent exciting
new challenges to bioorganic chemists. We can also look forward
to further progress in the structural biology of membrane-bound,
lipid-modifying enzymes and the chemical biology of bioactive
fatty acid derivatives such as polyacetylenes and oxylipins. Post
tenebras lux.

This journal is © The Royal Society of Chemistry 2007 Nat. Prod. Rep., 2007, 24, 1110–1127 | 1123
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Scheme 20 A Divinylether biosynthesis. B Allene oxide biosynthesis and cyclization.

Scheme 21 A possible mechanistic scheme for the halolyase pathway.
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