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1 INTRODUCTION

The plant cuticle, which covers virtually all the aerial surfaces of vascular plants, is chemi-
cally heterogeneous in nature, because it is generally composed of a mixture of insoluble
polymers and waxes, which are deposited on the outer surface (epicuticular waxes) and
embedded in the matrix (intracuticular waxes). The soluble cuticular waxes consist of
monoesters of very long chains of fatty acids (C-18–C-22), alcohols (C-22–C-26), and a
wide variety of other aliphatic and aromatic molecules [1–4]. The insoluble matrix is
constituted by (1) cutin, a three-dimensional polymer network of esterified fatty acids
[1,5] and (2) cutan, a nondegradable biopolymer made of aliphatic chains presumably
cross-linked by ether bonds [6]. In addition, the cuticular layers also contain nonlipid
components such as polysaccharides, phenols, and flavonoids. Large variations have been
found in cuticular fine structure, wax load, or cutin composition. Indeed, the structure of
the cuticle varies considerably depending on the species and on the age of the plant, but
also between leaves, fruits, and stems of a single species and even between the upper and
lower surfaces of individual leaves [7]. This complexity may explain the wide diversity
of functions fulfilled by the cuticular layer. As an interface between the plant and its
environment, the cuticle plays a key role in providing protection from mechanical damage,
ultraviolet (UV) radiation [8,9], or penetration by fungal hyphae and insect mouthparts
[10]. It also constitutes the main barrier limiting the transport across the plant–atmosphere
exchange zone, impeding the foliar uptake of xenobiotics but also reducing the uncon-
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trolled loss of water and apoplastic solutes from plant tissues [11,12]. It seems that waxes
are largely responsible for the low permeability of cuticles, causing a lognormal distribu-
tion of transport parameters [13] and therefore contributing for example to the regulation
of the cuticular transpiration. Permeability of cuticles differs greatly among plant species
and it has been argued that these differences are more likely due to the physical arrange-
ment of waxes, rather than their amounts or composition per se [14]. On the other hand,
if the constitutive waxes markedly inhibit sorption of a wide range of organic compounds,
they may not always form the main barrier to the penetration of chemicals through plant
cuticles [15]. They do favor the penetration of biologically active compounds by acting
as a compartment in which lipophilic compounds can accumulate [16]. Moreover, these
lipids reduce water retention on the plant surface, which bears important consequences
on germination of spores, survival of microorganisms, or deposition of dust, pollen, and
so forth. Additionally, the chemical composition of epicuticular waxes may influence the
interaction of herbivorous insects, with their plant hosts [17,18] acting as well in tritrophic
interactions, by affecting the settling and oviposition behavior of some predators and para-
sitoids of these herbivores [18]. It was also reported that waxes found in the tryphine layer
of pollen grains are essential for proper pollen-stigma signaling required for fertilization
[19].

It is generally admitted that the biosynthesis of epicuticular waxes proceeds via
multienzymatic complexes; both the proposed metabolic pathways by which wax constit-
uents are synthesized and the genetic studies of mutants were reviewed in the past few
years [20–22]. In sharp contrast with the mass of information which became recently
available for the cuticular waxes, very little work has been devoted to the cutin matrix
since the pioneering work of the groups of Kollatukudy and Holloway. The view of the
cutin matrix was classically restricted to an inert scaffolding of the cuticle, but it appears
that its components may act more actively as participants for signaling across the divider
during the pathogen attack. The aim of this chapter is to summarize the most recent data
concerning this quite new role for cutin monomers in plant defense, in addition to the
latest insights in their biosynthetic pathways.

2 BIOSYNTHESIS OF CUTIN MONOMERS

2.1 Composition of the Cutin Biopolymer

If the investigations of waxes have been facilitated by their ease of extraction with organic
solvents, cutin composition analysis was initially hampered by the difficulty encountered
in the depolymerization of this biopolymer, which required quite strong chemical proce-
dures. The first clue to the chemical nature of cutin components emerged from the investi-
gations of Matic [23], who isolated hydroxylated fatty acids from the ether-soluble fraction
obtained by extraction of hydrolysis products of the leaf cuticle of Agave americana. The
hydroxy fatty acids that were characterized included 9,10,18-trihydroxystearate, 10,18-
dihydroxystearic acid, 18-hydroxystearic acid, and 10,16-dihydroxypalmitic acids. The
trihydroxystearic acid was found at that time to be predominant in most of the mixtures
of cutin hydrolysates. Later, the use of milder degradative chemical methods (i.e., alco-
holysis) confirmed 9,10-epoxy-18-hydroxyoctadecanoic acid as a common cutin constit-
uent [24]. Since then, partial depolymerization of the cutin polyester has been accom-
plished using various chemical and enzymatic methods, including hydrogenolysis with
LiAlH4, hydrolysis with alcoholic KOH or HCl, and breakdown with cutinase [25]. Cutin
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Figure 1 Structure of the major cutin monomers.

analysis of a large number of plants have established that plant cutins are built from a
sole series of substituted C-16 and C-18 alkanoic acids (Fig 1). Species differ from one
another primarily in the relative proportions of these two groups. For example, the cutin
of bean leaves contains mostly C-16, in contrast to Poacae leaf cutin, which contain pre-
dominantly C-18 components. Commonly, cutin includes monomers of the two groups.

Although, from early investigations [26], cutin was described as an esterlike mate-
rial, the details of how the monomers are linked together are still elusive. Clearly, the
structural framework of cutin will depend on the chain lengths and on the number and
positions of esterifiable groups in the monomers. Elongation of this biopolymer likely
involves primary hydroxyl groups, whereas its reticulation comprises the secondary ones.

Such a network of hydroxy fatty acids linked by primary and secondary alcohols
derived ester bonds has recently been confirmed in the case of lime cuticle (composed
essentially of monomers of the C-16 family), observed by electron-impact mass spectrom-
etry supported by solution-state nuclear magnetic resonance (NMR) spectroscopy [27].
These newly accessible analytical tools should permit a better understanding of the inter-
molecular structures of cutin biopolymers.

It was reported that the entire cutin biopolymer could not be depolymerized by
treatment with BF3-methanol, which cleaves ester linkages [28]. This was attributed to
the presence of large amounts of epoxy fatty acids in the cuticles, which could form ether
bonds. The formation and the complexity of the cross-linkages in cutin was found to
increase with the age of the leaves [29], possibly reducing their water-permeability ca-
pacity.

2.2 Biosynthesis of the C-16 Cutin Monomer Family

Research on the biosynthesis of cutin components has been neglected during the past two
decades. Until a few years ago, nearly all of our knowledge about cutin biosynthesis was
based on the initial work of the group of Kolattukudy in the 1970s. Using labeled acetate,
palmitate, and 16-hydroxypalmitate, these researchers proposed a major biosynthetic path-
way for the C-16 cutin monomers, starting from palmitic acid and involving first the
hydroxylation of this unsaturated fatty acid at the ω-position, followed by its in-chain (on
carbon-9 or carbon-10) oxidation [30]. However, the recently identified 10-hydroxyhexa-
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decanoic acid in lime fruit cutin indicates that ω-hydroxylation of palmitic acid is not a
requisite, as hydroxylation of palmitic acid may also take place at other chain positions
during formation of the polyester matrix [31].

Oxidation of the C-16 extremity, studied in Vicia faba microsomal fractions, exhib-
ited features of cytochrome P-450-dependent catalysis (i.e., dependence on molecular oxy-
gen, requirement of NADPH as cosubstrate, inhibition by CO) although the reversion of
this inhibition by light was not obtained [32]. It should be noted that such a reversion by
photons of the binding of CO to the ferryl-oxo complex can be difficult to achieve (Werck-
Reichhart, personal communication). At this time, purification of the enzyme responsible
for ω-hydroxylation of palmitic acid was not reported. Recently, Arabidopsis thaliana
express sequence tag (EST) databases were screened with consensus motifs derived from
families of P-450 catalyzing the ω-hydroxylation of fatty acids and alkanes in Candida
and in mammals. Hereby, a gene, CYP86A1, encoding a similar enzyme was obtained
[33]. Except for stearic acid, which was not metabolized, lauric, (C-12) myristic (C-14),
and palmitic (C-16) acids were efficiently oxidized at their terminal position, the latter
being the best substrate. However, no physiological role has yet been attributed to this
new plant P-450 family. In parallel, another plant cytochrome P-450-dependent fatty acid
ω-hydrolylase (CYP94A1) was cloned and expressed in Saccharomyces cerevisae over-
producing a reductase from Arabidopsis thaliana [34]. This cytochrome P-450-dependent
enzyme was tagged in Vicia faba microsomes, with a radiolabeled suicide inhibitor
allowing its isolation and cloning. As expected, lauric acid was shown to be the best
substrate for the expressed CYP94A1, but this enzyme is also able to oxidize other satu-
rated fatty acids ranging from C-10 to C-16. The Km value for palmitate was lower than
that measured for the other substrates, and its was suggested that CYP94A1 could be
involved in the biosynthesis of cutin monomer [34]. Unfortunately, no experimental data
were provided in this work, confirming the claimed accumulation of CPY94A1 transcripts
during plant development or wounding. This could have constituted a first indication of
the implication of such a cytochrome P-450 in cutin formation or cuticle repair.

In addition to 16-hydroxypalmitic acid, 9,16- and 10,16-hydroxypalmitic acids are
also present in plant cutins. It has been suggested that in-chain hydroxylation reactions
result from cytochrome P-450 catalysis. In this regard, the first indication of a P-450-
dependent in-chain hydroxylase was reported recently in Helianthus tuberosus tuber [35].
Such P-450, designed CPY81B1, catalyzed the hydroxylation of medium-chain saturated
fatty acids, the major site of attack being at carbon-9 (capric and lauric acids) or carbon-
10 (myristic acid), depending on the length of the aliphatic chains. In addition, a complex
mixture of in-chain monohydroxylated derivatives was generated by this enzyme, denoting
that saturated medium-chain fatty acids are probably not the physiological substrates. No
longer-chain fatty acids such as palmitic or oleic acids were substrates for CYP81B1,
ruling out the participation of this enzyme in cutin biosynthesis.

Thus, at present, data on the involvement of the already cloned cytochrome P-450-
dependent hydroxylases in C-16 cutin monomer formation are not conclusive, but, hope-
fully, the systematic cloning of such plant enzymes will lead to better candidates in the
future.

It should also be emphasized that in addition to cytochrome P-450, nonheme hydrox-
ylases have been characterized in recent years. For example, ricinoleic acid is synthesized
by direct hydroxy substitution at the 12-position of oleic acid by a diiron protein, related
to a fatty acid desaturase family, which requires oxygen, NADH, and cytochrome b5 for
its activity [36]. Such a 12-hydroxylase can produce lesquerolic acid, a 14-hydroxylated
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eicosanoic acid, but the possibility that this oxidase may catalyze in-chain hydroxylations
at other positions with appropriate substrates is far from proven.

2.3 Biosynthesis of the C-18 Cutin Monomer Family

2.3.1 Epoxidation Step Catalyzed by Cytochrome P-450s?

In the early seventies, Kolattukudy and colleagues made the seminal finding that the bio-
synthesis of the C-18 family of cutin monomers proceeds through formation of epoxy
derivatives [37]. [1-14C] Oleic acid was rapidly incorporated into 9,10-epoxy-18-hydroxy-
stearic acid, as well as 18-hydroxystearic and 9,10,18-trihydroxystearic acids by skin slices
of young apples, grape and berry skins, and apple leaves. Likewise, 18-hydroxyoleic acid
was transformed into its corresponding epoxy and dihydroxy derivatives leading to the
conclusion that the sequence yielding the major C-18 cutin monomers was ω-hydroxyla-
tion, epoxidation of the double bond, and hydration of the epoxide. Trichloropropene oxide
(TCPO), a noncompetitive inhibitor of microsomal epoxide hydrolase [38], was found to
reduce incorporation of [1-14C] oleic acid into 9,10,18-trihydroxystearic acid but also,
surprisingly, into the epoxide [39]. A preparation from spinach leaves centrifuged at low
speed (3000g and therefore probably enriched with nucleus, chloroplast fragments, unbro-
ken cells, pieces of tissues, as well as cell walls and cutin biopolymer) was able to epoxi-
dize the double bond of 18-hydroxyoleic acid. In contrast, oleic acid was a very poor
substrate [40]. This epoxidase required molecular oxygen and NADPH for its activity, and
it was inhibited by CO (this inhibition was completely reversed by light), Consequently, it
was identified as a cytochrome P-450-dependent oxidase. Because CoA and ATP were
needed for this catalysis, it was proposed that the CoA ester was the physiological substrate
for this epoxidase [41]. Since this initial study, purification and further characterization
of this protein have, however, not been accomplished.

This last decade, several oxidases have been demonstrated to be capable of oxidizing
double bonds of unsaturated long-chain fatty acids. In particular, linoleate, linked to phos-
phatidylcholine in microsomes from developing seeds of Euphorbia lagascae, was epoxi-
dized into vernolate in the presence of NADPH [42]. The formation of this derivative
exhibited all of the characteristics of a cytochrome P-450-catalyzed reaction, including
its inhibition by an anti-NADPH cytochrome P-450 reductase antibody. This cytochrome
P-450-dependent epoxidation was characterized by a remarkable regioselectivity and en-
antioselectivity, [i.e., only the 12(S), 13(R)-enantiomer was formed in the endosperm of
the seeds] [43]. Moreover, no compounds derived from 9,10-epoxy-12-octadecenoic acid
were found to accumulate, no 9-epoxystearate was formed from [14C] oleate, and only
one of the three double bonds of linolenate was epoxidized, indicating that this epoxidase
was specific for the C-12,13-position [42]. Because the biosynthesis of C-18 cutin mono-
mers starts from 9-unsaturated octadecanoic acid, this cytochrome P-450 appears as an
unlikely candidate for the formation of cutin epoxides.

2.3.2 Epoxidation Step Catalyzed by Diiron Proteins?

Another oxidase was recently shown to catalyze the epoxidation of the C-12,13 bond of
linoleic acid. This epoxygenase, isolated from Crepis palaestina (related to the castor
bean), required NADH or NADPH for its activity but was unaffected by carbon monoxide
or antibodies to cytochrome P-450 reductase [44]. The gene encoding this epoxygenase
was cloned and the deduced amino acid sequence was similar to that of other nonheme
diiron proteins, such as the ∆12-hydroxylase (mentioned in Sec. 2.2), ∆12-desaturase,
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and ∆12-acetylenase, all of them being integral membrane proteins. It has been shown
that minor changes (as few as six amino acids) resulted in the conversion of an oleate
hydroxylase to a desaturase [45], and it can be speculated that few changes will be needed
for the recognition of an oleate instead of a linoleate substrate. Nevertheless, it seems that
such enzymes are restricted to certain classes of higher plants such as Euphorbeacae,
because neither vernolic acid nor ricinoleic acid is, for example, ever present in soybean
or Arabidopsis seeds [46].

2.3.3 Epoxidation Step Catalyzed by Peroxygenases?

A third enzyme, a membrane-bound hemoprotein, has been reported likewise to catalyze
the epoxidation of the C-12,13 double bond of linoleic acid. Characterized first as a hy-
droxylase [47] and then as a sulfoxidase [48], the peroxygenase was shown to actively
catalyze, in the presence of alkylhydroperoxides as cosubstrates, the epoxidation of mono
unsaturated and polyunsaturated fatty acids such as oleic acid or linoleic acid. The epoxi-
dase activity was first discovered in soybean seedlings [49] and then in broad beans [50],
and similar results were obtained later with another bean species [51]. However, this en-
zyme seems ubiquitous and is not only confined to the Leguminosae. Octadecenoic acids
were found to be better substrates than shorter monounsaturated fatty acids (C-16 or C-
14), but the position of the double bond (at position 6, 9, or 11) had little effect on the
rates of oxidation. Only cis unsaturations were oxidized with retention of configuration
resulting in cis-epoxide. Linolenic acid was oxidized with important regiofacial and enan-
tiofacial selectivities [52] into the two positional monoepoxides and, as a minor product,
the diepoxide. Analysis of the composition of various cutins had revealed that they contain
epoxy and hydroxy derivatives at C-9 but also at C-12, yielding pentahydroxy acids. For
example, 9,10,18-trihydroxy-12,13-epoxystearate and 9,10,12,13,18-pentahydroxystea-
rate were found in Rosamarinus officinalis, probably arising by epoxidation and subse-
quent hydration of both the C-9,10 and C-12,13 epoxides of ω-hydroxylinoleic acid [53],
although the order of the sequence of the reactions could differ. Because the peroxygenase
did not present a strict regioselectivity, it should therefore be a favorable candidate for
epoxidizing both oleic and linoleic acids into the precursors of cutin monomers. Using
soybean microsomes, we have demonstrated that peroxygenase associated with a mem-
brane-bound epoxide hydrolase and a cytochrome P-450 can catalyze, in vitro, the forma-
tion of the major cutin monomers of the C-18 family [54], but we did not establish real
biological connections to cutin formation. Now we can provide (Blée et al., unpublished
data) unequivocal proof for the involvement, in vivo, of plant peroxygenase in cutin bio-
synthesis. We have specifically altered peroxygenase activity via a mechanism-based in-
hibitor. No effect of this compound on other enzymes potentially involved in the formation
of cuticle was noticed, such as membrane-bound and soluble lipoxygenases, epoxide hy-
drolases, cytochrome P-450, or fatty acid elongases. The specific inhibition, in planta, of
the peroxygenase led to a dramatic decrease of content of cuticular epoxides from maize
leaves, which could be vizualized by using a specific ultrahistochemical reaction [55].
This effect was restricted to plants, which are coated with a cutin rich in C-18 monomers.
Accordingly, cuticles of treated plants which possess a majority of cuticular C-16 acids,
such as pea, soybean, or vetch, remained unchanged. Moreover, we have established the
existence of a strict relationship between the inhibition of the peroxygenase activity and
the modification of the cuticle that is triggered by different molecules closely related to
the inhibitor initially used. Altogether, these results constitute the first evidence of the
physiological implication of possible biosynthetic enzymes in cutin formation but, most
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importantly, confirm the plant peroxygenase as a key oxidase for the epoxidation of cutin
monomers.

Consequently, because peroxygenase activity is dependent on alkyl-hydroperoxides,
the biosynthesis of cutin monomers will be also under the control of the formation of
such hydroperoxides. Fatty acid hydroperoxides are formed in the plant via chemical and/
or enzymatic reactions; it is well known that oxidative stress due, for example, to injury
can lead to chemical lipid peroxidation in membranes and that hydroperoxides are products
of lipoxygenase-catalyzed oxidation of linoleic and linolenic acids. Heinen and Brand
[56] had already reported stimulation of lipoxygenase activity during synthesis of cutin
in wounded leaves. Moreover, an increasing number of publications deals with the induc-
tion of lipoxygenase activities during stress conditions, such as infection, injury, germina-
tion, and growth, some of which are known to lead to the biosynthesis of cutin. We have
shown that a membrane-associated lipoxygenase was involved in the oxidative metabolism
of oleic acid. However, we cannot exclude completely the participation of H2O2 in cutin
formation. The level of this hydroperoxide is strongly enhanced by stress conditions, con-
stituting with other activated oxygen radicals the so-called oxidative burst and may act
as cosubstrate for peroxygenase during cutin repair. Nevertheless, it seems now that under
conditions where alkyl-hydroperoxides are available, the biosynthetic pathways of cutin
monomers involve peroxygenase activity as a potent epoxidase of unsaturated fatty acids.
When hydroperoxides are limiting, one cannot a priori exclude a basal pathway involving
also a cytochrome P-450-dependent epoxidase, as suggested previously by Croteau and
Kolattukudy [39]. We and others [54,57] have, however, been unable to detect such an
activity in bean-cell-free extracts. Related to this point, it is interesting to note that Croteau
and Kolattukudy have observed incorporation of labeled fatty acid precursors into cutin
only with rapidly growing tissues, such as young fruits or developing leaves i.e., precisely
under conditions where high levels of lipoxygenase activity are classically found [57].
Curiously, it was reported that a spinach preparation capable of epoxidizing oleic acid
via a cytochrome P-450-like activity showed no measurable ω-hydroxylase activity with
this acid as the substrate [39]. This observation is in agreement with a subsequent report,
which pointed out that in-chain and ω-hydroxylation P-450-dependent activities do not
coexist in a single plant [58].

2.3.4 Epoxide Hydration Step

The presence of a vicinal diol in the C-18 cutin skeleton most likely results from hydration
of the corresponding epoxide by an epoxide hydrolase. Among the first authors to suggest
the presence of such an activity in plants were Croteau and Kolattukudy, who described the
hydration of 9,10-epoxy-18-hydroxystearic acid to threo-9,10,18-trihydroxystearic acid by
a particulate fraction prepared from the skin of young apples [59]. More recently, we have
been able to purify and characterize a soluble form of an epoxide hydrolase from soybean
that preferentially catalyzes the hydration of unsaturated fatty-acid-derived epoxides [60].
Furthermore, the isolation and expression of cDNAs encoding soluble epoxide hydrolases
from soybean and two other plant species have been reported [61–63] and the enzymes
tentatively ascribed as members of the HYL3 family [64]. It is clear now that multiple
forms of epoxide hydrolase exist in plants, depending on the species and on the subcellular
fractions examined. For example, besides the well-characterized cytosolic fatty acid epox-
ide hydrolase found in soybean seedlings, there also exists a membrane-bound isoform,
which we have proposed to be involved in cutin synthesis [54]. This latter isoform hydrated
preferentially the epoxide enantiomers formed prevalently by peroxygenase whereas 9,10-

Copyright © 2002 Marcel Dekker, Inc.

D
ow

nl
oa

de
d 

by
 [

A
lm

a 
M

at
er

 S
tu

di
or

um
 -

 U
ni

ve
rs

ità
 d

i B
ol

og
na

] 
at

 0
8:

04
 3

0 
A

pr
il 

20
15

 



epoxy-18-hydroxystearic acid seemed to be a poor substrate for this enzyme. Immunolo-
calization and in situ hybridization experiments revealed that the epoxide hydrolase is
localized mainly in the epidermis of young leaves, substantiating their significant involve-
ment in the formation of hydroxy cutin acids (Blée et al, unpublished data).

2.3.5 ω-Hydroxylation Step

Hydroxylation of oleic acid and of its epoxy and dihydroxy derivatives were catalyzed by
a cytochrome P-450 [54,57]. Recently, it was reported that CYP94A1, initially proposed to
be involved in C-16 cutin monomer formation (vide supra), oxidized 9,10 epoxy-stearate
very efficiently with a Km value of 1 µM, thus in the physiological range [65]. Interestingly,
this cytochrome P-450 prevalently ω-hydroxylated the 9(R),10(S) enantiomer [65] (i.e.,
the isomer preferentially formed by peroxygenase) [49].

2.4 Biosynthetic Schemes

The biosynthetic scheme that we propose (Fig. 2) involves the peroxygenase pathway and
includes most of the results related to this subject, as well as earlier reports which showed
that cutin monomers could derive from reactions catalyzed by ‘‘fatty acid oxidases’’ and
‘‘lipoxidase’’ [56].

At the onset, oleic acid could be a substrate for ω-hydroxylation by a cytochrome
P-450 and an epoxidation by a peroxygenase. The latter enzyme seems to be constitutively
expressed; in contrast, cytochrome P-450 isoenzymes generally need to be induced, their
basal activity being particularly low in plants. It follows that in the presence of endogenous
fatty acid hydroperoxides, peroxygenase, an oxidase which compared with cytochrome

Figure 2 Biosynthetic scheme proposed for C-18 cutin monomers.
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P-450-dependent enzymes are characterized by a high turnover number [52], should ac-
tively metabolize oleic acid (Fig. 2a). By reasoning on the specificity expressed by both
the peroxygenase and the ω-hydroxylase [51,65], it appears that the favored route to 9,10-
epoxy-18-hydroxy stearate from oleic acid would be pathway a–b. In comparison, path-
way d–e involves a succession of least preferred substrates [54]. We also hypothesized
that the first pathway, a–b, will yield to chiral 9,10-epoxy-18-hydroxystearate, in line with
the strong stereoselectivity of both peroxygenase and ω-hydroxylase, which lead to such
compounds in vitro. In contrast, pathway d–e will give a racemic epoxy–hydroxy deriva-
tive. From our scheme (Fig. 2), we also predict that the stereochemistry of the cutin mono-
mers should predominantly be determined by the stereoselectivity of the peroxygenase
and the epoxide hydrolase, and thus a single stereoisomer [i.e., 9(R), 10(R), 18-trihydroxy-
stearic acid] should be formed. This stereochemistry corresponds to the one reported for
a compound already described in Chamaepeuce seed oil [66], but, unfortunately, the abso-
lute stereochemistry of most cutin components remains unknown to date.

It should be emphasized that the biosynthesis and composition of cutin will not only
depend on the presence of specific substrates but also on the relative expression, activities,
and compartmentation of the biosynthetic enzymes at a given time of development. For
example, 9,10,18-trihydroxystearate was found in older leaves rather than in young ones
[7]; this observation is in agreement with the detection of gene expression for soluble
epoxide hydrolase (Arabidopsis thaliana) in aged leaves and stems [62]. Likewise, a par-
ticularly low amount of this trihydroxy derivative in spinach [5] could be correlated with
a very low level of fatty acid epoxide hydrolase in this plant [60].

In summary, the scheme given in Figure 3 represents a dynamic combination of
possible pathways which are modulated by the presence and levels of the involved biosyn-

Figure 3 Hypothetical scheme for the biosynthesis of cutin monomers.
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thetic enzymes reflecting the diverse composition of cutins between plants grown under
a variety of environmental conditions. It should be emphasized that some of the crucial
enzymes involved in the biosynthesis of C-18 cutin monomers, such as peroxygenase, ω-
hydroxylase, or epoxide hydrolase, appeared to be constitutively present in plants that are
coated with cuticles poor in these C-18 monomers, such as soybean [54]. This raises the
question of the regulation of the biosynthetic scheme (Fig. 3) in such plants. Besides
compartmentation of such enzymes, one could imagine that the bottlenecks of the cutin
biosynthetic steps are specific elongases or desaturases, which could be absent or inactive
(inhibitors or regulatory elements) in epidermal cells, rendering plants unable to synthesize
C-18 precursors of cutin, thus yielding peroxygenase and ω-hydroxylase functionally or-
phaned. At present, we have no experimental evidence for this attractive idea.

2.5 Formation of Cuticle

Little is known about the biochemical mechanisms underlying the polymerization steps
involved in the synthesis of cutin and the transport of the monomers to the surface of the
cells. Whereas epicuticular waxes may crystallize spontaneously at the surface of the
leaves or self-assemble into lamellae [67], polymerization of cutin requires enzymatic
catalysis. The unique work in this field comes from the group of Kollatukudy, which
showed that particulate enzyme preparations from two species were able to catalyze the
incorporation of labeled C-16 cutin monomers into cutins, with ATP and CoA as the
required cofactors. Such incorporation was stimulated by increasing the number of free
hydroxyl groups in the cutin primer. Consequently, an extracellular transacylase was pro-
posed to transfer CoA esters of the incoming monomers to the hydroxyl groups of the
growing polymer [68]. No further characterization of this acyl-CoA–cutin transacylase
was accomplished.

Hydrophobic cutin monomers and waxes undoubtedly must cross the aqueous envi-
ronment of the apoplast from the epidermal cells, where they are synthesized, to reach
the site of cutin synthesis and wax assembly in and outside of the cell wall. Lipid transfer
proteins (LTPs) were recently suggested to facilitate the transfer of these cuticular compo-
nents. Such proteins were initially characterized by their ability to catalyze the exchange
of a large number of lipid molecules between natural and artificial membranes in vitro
[69,70]. They also exhibit antibacterial and antifungal properties [71] and may, likewise,
act in defense against pathogens in accordance with their high concentrations in waxes
of some leaves [72], making them the major proteins in surface wax of some plants [73].
Their extracellular location [74], their capacity to bind palmitic and oleic acids [75], as
well as their acyl-CoA derivatives [76], and the expression pattern of their encoding genes
[74,77–79] led to the proposal that LTPs could play a role in the transport of cutin mono-
mers through the extracellular matrix to sites of cutin synthesis. The fact that heavy metals,
such as cadmium, triggered expression of barley LTP genes, followed by a thicker cuticle
wax layer, adds circumstantial evidence to the hypothesis that LTP could function in the
transfer of wax/cutin monomers from the site of their synthesis to the cuticle [80]. The
binding mode of these proteins is still not fully understood. It appears that even if se-
quences and three-dimensional structures are very similar among plant LTPs, the shape
and the volume of their internal cavity could vary considerably. For example, barley LTP
was able to expand its hydrophobic cavity significantly upon binding of a ligand [81],
whereas LTP from maize could bind easily only fatty acids of 16–19 atoms of carbon [76].
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Moreover, although palmitate could bind to both barley and maize LTPs, the orientation of
this fatty acid into the two proteins was exactly opposite [82]. Thus, the mechanism in
situ for the transport of cutin monomers has yet to be assessed.

The compartment where cutin monomers are synthesized within the cells and the
mechanism of their assembly at the surface of, for example, the leaves with the other
cuticular components are also still unknown. Likewise, the regulation of the biosynthesis
of cutin and waxes during growth or membrane repair is an open question. We have
observed a decrease in the global cuticular thickness, paralleled with a fading of the epox-
ides in plants treated with an inhibitor of the peroxygenase, suggesting that regulation of
the cotransport and/or the association of cutin monomers to waxes may occur. Finally,
the nature of the attachment of cutins to cell walls remains unknown, probably the cutins
are covalently bound to polysaccharides of the cell walls [83].

3 CUTIN MONOMERS AND PLANT DEFENSE

When intact, the cuticle will play its role of a protective layer against mechanical damage
by covering all the aerial parts of a plant. Wounds, cracks, and breachs represent sites
where cutin components will be released and act as a signal used both by the microbe to
facilitate its penetration and by the plant to resist pathogen aggression.

3.1 Cutin as Structural Component of Cuticle

Cutin is known to be the chief structural component of the cuticle and is regarded as its
strengthening constituent. One of the scarce reports on mechanical cuticular properties
confirmed that cuticles are of importance for plants as reinforcing elements, especially in
the case of organs which contain little fibers or those with a cuticle thicker than the epider-
mal cell wall [84]. The thickness of cuticles could be one of the factors causing leaves
to be better protected against all kinds of mechanical injury because they will be harder
to pierce, tougher to tear, and, therefore, difficult to consume [85]. However, no correlation
between thickness and breaking stress has been found for fruit cuticles.

Cuticle is elastic and can be under tension and, therefore, may be part of the growth-
limiting structures, which include epidermal cell walls, contributing to the restriction of
cell expansion [86]. Its viscoelasticity is mainly due to its cutin matrix, whereas waxes
confer its rigidity [87]. The toughness of the cuticle is therefore likely to be dependent
on the distribution and composition of cutin, but it also depends on the nature of its associa-
tion with other cuticle components.

3.2 Cutin Monomers as Signal Molecules Used by Pathogens

The cuticle acts as a prime mechanical barrier through which pathogenic fungi and insect
mouthparts must breach for direct penetration of the epidermis, even if they may invade
plants through natural openings such as stomata or through wounds [88]. Direct penetra-
tion through the cuticle could occur via two mechanisms. One implies the physical force
of the growing hyphal tip due to increasing hydrostatic pressure by melanin in appressoria
of certain pathogens such as Magnaporthe grisea [89,90]. The second involves the weak-
ening or the desintegration of the protective barrier, resulting from the hydrolysis of the
esters bonds present in the cutin matrix by cutinases. Fungal pathogens typically produce
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such enzymes, and the first cutinase purified came from Fusarium solani, the asexual form
of Nectria haematococca, saprophytically grown on cutin as the sole carbon source [91].
A cutinase was detected immunologically at the site of penetration of the fungus into the
host Pisum sativum [92]. In parallel, the structure of the cuticle was modified after the
contact with the fungus, probably as the result of enzyme activity [93]. Because expression
and release of cutinase were triggered by monomers of cutin, it was postulated that conidia
of virulent fungi can sense the contact with plants via cutin monomers that are released
by the small amounts of cutinase carried on the conidia. These cutin monomers then
amplify the production of cutinase in the germinating spores to assist the penetration into
the host [94]. Among the cutin components, 10,16-dihydroxypalmitic and 9,10,18-trihy-
droxystearic acids were found to be the best inducers of cutinase transcription, which is
believed to be due to the phosphorylation of cutinase transcription factor(s) [95–98]. Sev-
eral lines of evidence supported this scenario. Disrupted cutinase genes as well as inhibi-
tors and antibodies toward cutinase prevented fungal infection [94,99–101]. Mutants with
poor content of cutinase presented low virulence, which could be restored by addition of
exogenous cutinase [102–104]. Pathogens unable to infect plants devoid of wounds or
breaches could penetrate intact surfaces of papaya fruits once a cutinase gene from a
virulent fungus has been inserted by genetic engineering [105]. Nonetheless, the require-
ment of cutinase in pathogenic processes, and therefore the involvement of cutin mono-
mers, has been a matter of debate over these last years [106–110]. Concerning this point,
the findings that distinct classes of cutinases function either during the saprophytic mobili-
zation of cutin or during early stages of plant infection may reconciliate the different
theories [111]. Until now, disruption or mutation of cutinase genes were mainly applied
to genes encoding for enzymes predominantly expressed during saprophytic stages of the
respective pathogens, leaving intact significant amounts of cutinases which may play deci-
sive roles in pathogenicity [112]. Accordingly, different cutinases–esterases have recently
been shown to be induced in fungi and therefore be implicated in the initiation of the
infection process [113–116]. For example, it was shown that a serine esterase, related to
a lipase, was secreted by Botrytis cinerea, and it possessed strong cutinolytic activity
[117]. Antibodies raised against this protein inhibited its catalytic activity but also pre-
vented the infection of tomato leaves by conidia of this fungus. Because the enzyme was
stimulated by cuticle components, it was postulated that it was probably involved in the
penetration of the host surface during plant infection [118].

In addition to their general controversial role in cuticle penetration, involvement of
cutinases in other steps of the infection process has been suggested. For example, it was
proposed that these hydrolytic enzymes contribute to the adhesion of spores to host sur-
faces [115,119] (i.e., a process often associated with enzymatic modification of the host
cuticle [120]). Moreover, release of cutin monomers may affect germination of fungal
spores because it was shown that they could act as signals to trigger appressorium forma-
tion [121]. Among the major cutin monomers, 9,10-epoxy-18-hydroxy-octadecanoic acid
was, by far, the most effective inducer of this infection structure [122].

3.3 Cutin Monomers as Signal Molecules Used by Plants

When a plant is challenged by an aggressor, a series of complex events are triggered upon
perception of the transduced signals. This includes production of active oxygen species
(‘‘oxidative burst’’), ion fluxes, changes in extracellular pH and in membrane potentials,
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and activation of several phosphorylase and kinase cascades, all these events ultimately
lead to various defense responses. The mechanism by which a plant perceives an aggres-
sion has been a challenging question these last years. Fungal pathogens that attempt to
penetrate into leaf surfaces have to cope with the plant cuticle. Therefore, it has been
considered that this first frontier could play a significant role in signaling. Indeed, evidence
has been presented that free cutin monomers can be perceived by cultured potato cells and
act as endogenous signal molecules [123]. They were found to trigger the alkalinization of
the medium, this effect being paralleled by changes in the phosphorylation state of specific
proteins. Moreover, this treatment also stimulated the production of the plant hormone
ethylene and activated defense-related genes at the mRNA level [123]. In such experi-
ments, cutin monomers of C-16 and C-18 families varied considerably in their potential
to induce the alkalinization. For example, the major constituents of the potato leaf cutin
n-16-dihydroxypalmitic acid (n � 8, 9, or 10) are less active than 9,10-epoxy-18-hydroxy-
stearic acid. Furthermore, hydroxylation at the ω-position seemed to be an absolute requi-
site for this eliciting activity when the molecule possessed an epoxy function (such as
9,10-epoxy stearate versus 9,10-epoxy-18 hydroxy stearate), but not when it contained a
vicinal diol. Thus, 9,10-dihydroxystearic acid is more active than 9,10,18-trihydroxy-
stearic acid. Altogether, it clearly appears that structural features of cutin monomers are
required for biological activity of such phytooxylipins, suggesting their specific interaction
with one or several perceptive structures, such as receptor molecules, rather than unspecific
binding.

In addition, cutin monomers were found to enhance elicitation of H2O2, the most
thermodynamically stable state of active oxygen species [124]. Hydroxy and epoxy groups
seemed important features for this eliciting potential. A recently characterized cutin mono-
mer from cucumber, namely dodecan-1-ol, was also active in eliciting H2O2 via both a
constitutive and an inducible generating system, this latter involving protein phosphoryla-
tion, Ca2� influx, and NAD(P)H oxidase [125]. Furthermore, topical application of free
cutin monomers partially protected the treated leaves from pathogen attack [126,127].
Because the cutin monomers exhibited no apparent fungicidal effect, the observed protec-
tion was suggested to be due to acquired resistance by the plants. Here, also, specific
structural requirements were needed for the prevention of infection. Interestingly, the cis-
epoxy or the threo-hydroxy group(s) in the middle of the C-18 molecules was necessary for
protection, and replacement by a cis double bond yielded a completely inactive molecule.
Strikingly, 9,10-epoxy-18-hydroxystearate and 9,10,18-trihydroxystearate, which are
among the major C-18 cutin monomers, exhibited the strongest effect in eliciting defense
mechanisms and protection against fungal aggression, whereas 16-hydroxy palmitic acid,
which is present in low amounts in barley cuticle (Blée, unpublished result), showed no
protective effect. This argues against a foliar surface modification provoked by the coating
of the leaf with oxygenated fatty acids and is more likely in favor of a specific effect of
cutin monomers. In this context, it was reported recently that cutinase and other lipolytic
esterases protected bean leaves from fungal infection through an unknown mechanism
not likely to involve the released cutin monomers [128]. However, before excluding any
action of cuticular oxygenated fatty acids in the protective effect of hydrolases, the notion
of threshhold for eliciting effects should be pointed out. Clearly, a dose of cutin monomers
unable to trigger late defense responses, such as accumulation of antimicrobial proteins
(i.e., ‘‘pathogenesis-related proteins’’) and tissue necrosis, could perfectly enhance the
rapid onset of primary defense mechanisms [129].
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4 CONCLUSION

For a long time, cutin was regarded only as an inactive reticulated framework filled up
with waxes and other components of the cuticle. This limited-role conception has now
evolved with the astonishing finding that cutin monomers could act as primary signals at
the site of aggression. The identification of the components involved in signaling is just
starting. Clearly, a good knowledge of their biosynthesis will be indispensable for biotech-
nological applications. Only recently, some of the enzymes involved in the biosynthetic
pathway of the major cutin components have been characterized at the molecular level.
For most of them, many issues remain to be solved such as tissue and cellular localizations
and changes in expression levels under biotic or abiotic stress. Additionally, we ignore
most of the enzymes responsible for the biosynthesis of minor cutin components, which,
despite being present in low amounts, could prove to be very important from a physiologi-
cal point of view.

The molecular structure of the precursors of the cutin monomers conditions the
nature of the cross-linkage between these different constituents. The cutin network is pri-
marily established via ester bonds which are susceptible to the enzymatic action of hy-
drolases (i.e., cutinases, esterases, lipases) secreted from some fungi. The presence in
cuticles of linkages other than ester bonds may, therefore, protect plants from invasion
by certain pathogens. For example, ether bonds, due to the reaction between epoxy groups
and hydroxy substituents of adjacent monomers, have been shown to contribute to the
reticulation of cutin. One can envision that the number of such ether bonds, which are
resistant to the action of cutinase, could be increased by suppression of the hydrolysis of
the epoxy groups present in the cutin monomers. Such a result could be attained by inhibi-
tion of the epoxide hydrolase, which also would decrease the amount of mid-chain hydroxy
functions susceptible to form ester bonds. These last years, cDNAs coding for epoxide
hydrolases of Arabidopsis and potato were obtained; however, these enzymes are soluble
and may not participate in cuticle formation. Obviously, further work is needed to clone
the membrane-bound epoxide hydrolase in order to construct transgenic plants expressing
antisense RNA to this hydrolase.

Agrochemical molecules, which are very active in vitro, sometimes are useless under
field conditions because they cannot cross the leaf cuticle. Therefore, modifying the com-
position of cutin may change the physical properties of this layer and especially its perme-
ability. Such goals could be achieved by inhibition, for instance, of peroxygenase, one of
the key enzymes in the biosynthetic pathway of cutin monomers. Specific mechanism-
based inhibitors of this enzyme are presently under investigation in our laboratory to test
their influence on the permeability of the cuticle to xenobiotics and to pathogens.

In addition, recent evidence has shown that epoxy and hydroxy derivatives of fatty
acids produced by the peroxygenase pathway play a primary role in plant disease resis-
tance. First, it was reported that two cutin monomers, which lack fungitoxic activity, act
as endogenous inducers of acquired resistance in cereals, possibly through a mechanism
involving transcription in the host. Second, epoxides formed from linoleic and linolenic
acids were shown to induce resistance of rice to infection by Magnaporthe grisea. More-
over, infection of rice by the fungus triggers the activation of the peroxygenase pathway
in plants. Thus, peroxygenase appears to be a key enzyme in such resistance mechanisms,
and one could expect that overexpression of this enzyme could result in a better defense
of the transformed plant against fungal attack. Presumably, researchers will clone this
enzyme in the near future and establish its location in plant tissues.
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Undoubtedly, our vision of cutin monomers is far from being complete: It is just
beginning.
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99. W Köller, CR Adam, PE Kollatukudy. Phytopathology 81:1375–1379, 1991.

100. LM Rogers, MA Flaishman, PE Kollatukudy. Plant Cell 6:935–945, 1994.
101. K Tanabe, S Nishimura, K Kohmato. Ann Phytopathol Soc Japan 54:483–492, 1988.
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